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ABSTRACT: In this study, we created a new method of
electrospinning capable of controlling the surface structure of
individual fibers (fiber nanotopography). The nanotopo-
graphical features were created by a phase separation in the
fibers as they formed. To control the phase separation, a
nonsolvent (a chemical insoluble with the polymer) was added
to an electrospinning solution containing poly-L-lactic acid
(PLLA) and chloroform. The nanotopography of electrospun
fibers in the PLLA/chloroform solution was smooth. However,
adding a small weight (<2% of total solution) of a single
nonsolvent (water, ethanol, or dimethyl sulfoxide) generated
nanoscale depressions on the surface of the fibers unique to

the nonsolvent added. Additionally, nanoscale depressions on electrospun fibers were observed to change with dimethyl sulfoxide
(DMSO) concentration in the PLLA/chloroform solution. A nonlinear relationship was found between the concentration of
DMSO and the number and size of nanotopographical features. The surface depressions did not alter the hydrophobicity of the
scaffold or degradation of the scaffold over a two-day period. To determine if fiber nanotopography altered cell behavior,
macrophages (RAW 264.7 cells) were cultured on fibers with a smooth nanotopography or fibers with nanoscale depressions.
RAW 264.7 cells spread less on fibers with nanoscale depressions than fibers with a smooth topography (p < 0.0S), but there
were no differences between groups with regard to cell metabolism or the number of adherent cells. The results of this study
demonstrate the necessity to consider the nanotopography of individual fibers as these features may affect cellular behavior. More
importantly, we demonstrate a versatile method of controlling electrospun fiber nanotopography.
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1. INTRODUCTION

Electrospinning generates polymeric fibers with diameters
ranging from tens of nanometers to several micrometers.'
Additionally, physical characteristics of the fibers are tunable to
create scaffolds with highly aligned fibers and individual fibers
of varying diameter. The rationale for creating electrospun fiber
scaffolds of varying physical characteristics is that the cell
response is altered by the presence of particular fiber
characteristics.”® Studies evaluating cellular response to electro-
spun fibers frequently assess the influence of fiber alignment
and diameter on cell behavior. Electrospun fibers are randomly
oriented if collected on a grounded plate due to the intense
electrostatic forces that cause a whipping action of the polymer-
solvent jet,4’5 but the fibers may be aligned if collected on a
rotated disk®” or using two grounded plates separated by a
gap.*” By varying fiber alignment, electrospun fiber scaffolds
can mitigate cellular migration so that aligned fibers support
directed migration along the fibers verse randomly oriented
fiber substrates that enable cellular migration in all directions.
Fiber alignment is known to influence the direction and extent

-4 ACS Publications  © 2013 American Chemical Society

10173

. . 10-20 . S
of neurite extension,® and the directed migration of

fibroblasts," gliomas,22 and ligament cells. Additionally, fiber
alignment is known to alter fibrous tissue formation in vivo™*
and inflammatory markers of macrophages in vitro.”® Electro-
spun fiber diameter is also easily modified by changing the
concentration of polymer in the electrospinning solution,***”
polymer molecular weight,28 relative humidity,29 and even
solution temperature.30

Fibers with diameters on the nano to micro scale are of
interest as cell adhesion scaffolds since electrospun fibers with
these diameters are believed to mimic fibrous structures in the
native extracellular matrix. Electrospun fiber diameter in
particular is known to regulate cell behavior. As an example,
a recent study by Lee et al. demonstrated that oligodendrocytes
myelinate electrospun polystyrene fibers only when the fibers
possessed diameters larger than 4 um.>' This study suggests
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that fiber diameter can trigger a desired cell response in the
absence of chemical or biological cues. More generally, a wide
variety of cell types show a significantly different response when
cultured on electrospun fibers with submicrometer diameters
(less than 750 nm) compared to fibers with diameters larger
than one micrometer. Changes in cell behavior when cultured
on submicrometer fibers compared to fibers larger than a
micrometer include changes in neurite guideznce,32_36 changes
in cell migration of fibroblasts®* and osteoblasts,>” osteoblast
differentiation and proliferation,®® macrophage cytokine
production,” and even neural stem cell differentiation.*
Indeed, careful control of electrospun fiber diameter is
important in engineering the cellular response to these
materials.

Since nanoscale fiber diameter is known to alter cell behavior,
it is reasonable to propose that fiber nanotopography may also
regulate cell function. Fiber nanotopography (i.e. the nanoscale
surface structure of individual fibers) is known to change with
the polymer-solvent mixture used to electrospin fibers or when
the relative humidity of the electrospinning environment is
changed.**™* Many cell studies use fibers without character-
izing fiber nanotopography. In fact, only a few studies have
investigated the effects of fiber nanotopography on cellular
behavior. Leong et al. reported an increase in protein
adsorption and epithelial cell viability on electrospun poly-
(p,L-lactide) scaffolds with a rough fiber surface compared to
electrospun scaffolds with a smooth fiber surface.*’ Further-
more, Moroni et al. generated terephthalate composite fibers
using different polymer-solvent mixtures and evaluated human
mesenchymal stem cells (hMSCs) response on fibers with
smooth or rough fiber surfaces.** hMSCs were more
proliferative on electrospun fibers with a rough nanotopog-
raphy compared to electrospun fibers with a smooth nano-
topography. The study by Moroni et al. is unique among the
few papers investigating cells on electrospun fibers with
different nanotopographies because the fiber diameter was the
same between fiber groups with different nanotopography. By
ensuring fiber scaffolds had similar fiber diameter between
groups with different nanotopography, Moroni and colleagues
were able to decouple the effect of fiber diameter from fiber
nanotopography, effectively demonstrating how cell behavior is
altered by the surface structure of individual fibers apart from
fiber diameter. The results of the Moroni study suggest that
electrospun fiber nanotopography may be a new topic of
interest in directing cell behavior in addition to other features
of the electrospun scaffolds, such as fiber diameter.

To facilitate investigations involving electrospun fiber
nanotopography, one goal of this study was to develop a new
procedure to place defined nanotopography onto the surface of
electrospun fibers. We hypothesized that nanotopography
could be engineered using a standard electrospinning solution
containing a polymer, an organic solvent, and a nonsolvent.
The nonsolvent would be immiscible with the polymer but
soluble with the organic solvent creating a phase separation in
the fiber as it is formed during electrospinning. If different
nonsolvents interact with the polymer/solvent mixture differ-
ently, a fiber topography unique to each nonsolvent should be
generated upon electrospinning, making the method highly
versatile.

To test the hypothesis, a nonsolvent (water, ethanol, or
DMSO) was added to a solution containing poly-L-lactic acid
(PLLA) dissolved in chloroform. Electrospinning the PLLA
and chloroform solution without a nonsolvent resulted in

electrospun fibers with a smooth surface. Electrospinning
solutions containing a nonsolvent created fibers with unique
nanotopographies consisting of depressions in the surface of
the fiber. To determine if the concentration of nonsolvent
altered fiber nanotopography, increasing concentrations of
DMSO were added to PLLA/chloroform solutions. As DMSO
concentration increased in the electrospinning solution, the
resultant fibers revealed changes in the size and number of
nanotopographical depressions. To determine if the presence of
nanoscale depressions altered cell behavior, RAW 264.7 cells
were cultured on fibers with and without nanoscale depressions.
Cell elongation, adhesion, and metabolic activity were assessed
on the different electrospun fiber scaffolds. Unlike the hMSC
study where hMSCs elongated more on fibers with a rough
nanotopography,"> RAW 264.7 cells elongated less on fibers
with nanoscale depressions. The reduction in cell elongation
was not accompanied by any significant differences in the
number of adherent cells or a change in cell metabolism. The
data from the RAW 264.7 cell experiments provides evidence
that the topography of individual electrospun fibers is capable
of altering cell behavior. As electrospun fibrous scaffolds
continue to emerge as tissue engineering scaffolds, procedures
that can finely control the shape and prominence of
nanotopographical features may aid in the control of cell
behavior to facilitate robust tissue repair.

2. MATERIALS & METHODS

2.1. Electrospinning. 2.1.1. Preparation of Electrospun Fibers
without Nanotopography. Poly-L-lactic acid (PLLA, NatureWorks;
grade 6201D, Lot #9051-89-2) was purchased from Cargill Dow LLC
(Minnetonka, MN). 1,1,1,6,6,6-hexafluoro-2-propanol (HFP), chloro-
form, and dimethyl sulfoxide (DMSO) were purchased from Sigma
(St. Louis, MO).

The electrospinning device utilized here was previously de-
scribed.**>** A PLLA film was air cast onto 15 mm square glass
coverslips using a solution containing 3 g each of chloroform and
dichloromethane with 240 mg of PLLA. All solutions were electrospun
using the following conditions: relative humidity <28%, temperature
21-23°C, 1000 rpm collecting disc rotation speed, 15 kV drawing
voltage, 5.5 cm needle to collection distance, 2 mL/h syringe pump
flow rate, and 20 min collection time.

2.1.2. Preparation of Electrospun Fibers with Nanotopography.
All electrospinning solutions used to create fibers with nano-
topography were made using a base solution containing 240 mg
poly-L-lactic acid (PLLA) in 3 g of chloroform. Fifty microliters of one
of the following nonsolvents (Table 1) was added to the base solution:

Table 1. Properties of Nonsolvents

nonsolvent boiling point (°C) chloroform solubility
water 100 0.056 g/100 g
dmso 189 miscible
ethanol 79 miscible

water, dimethyl sulfoxide (DMSO), or ethanol. In the case of water,
two different electrospinning solutions were created: one containing
S0uL of deionized water, and one containing 10 4L of deionized water.
Another base solution was electrospun using the same electrospinning
parameters except the relative humidity was increased to 30—33% to
determine if the increased humidity generated nanotopography by
vapor induced phase separation.***?

2.1.3. Effect of Nonsolvent Concentration on Fiber Topography.
After demonstrating the ability to generate surface structures by
changing nonsolvents, we investigated the effects of changing
nonsolvent concentration. Only DMSO was used for these experi-
ments since DMSO inclusion generated fibers with more distinct
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Figure 1. Mechanisms of electrospun fiber surface topography formation. The first mechanism is thermal-induced phase separation (TIPS) (A).
With TIPS, rapid evaporation of the solvent cools the fibers and induces a phase separation, resulting in a electrospun fiber surface with surface
depressions. The second mechanism is vapor-induced phase separation (VIPS) (B). With VIPS, rapid evaporation cools the fiber and causes water to
condense onto the surface of the fiber. Water condensation on the fiber surface creates surface depressions. In this paper, the addition of a
nonsolvent to the electrospinning solution induces phase separation (C), giving greater control over the surface topography.

surface nanotopography. Base electrospinning solutions (240 mg of
PLLA in 3 g of chloroform) containing varying amounts of DMSO
(50—250 pL in SO L increments) were electrospun under the same
conditions described above. Samples were electrospun in triplicate (n
= 3) in that samples were fabricated three times on separate days using
freshly prepared electrospinning solutions.

2.1.4. Electrospun Fibers for Cell Culture Experiments. For cell
studies, the 100 uL of DMSO in the PLLA/chloroform solution was
compared to electrospun fibers containing a smooth surface. The 100
uL of DMSO group was used for cell studies since it contained the
largest depressions. To generate fibers with a smooth surface, PLLA
was dissolved in 1,1,1,6,6,6-hexafluoro-2-propanol (HFP). Small
diameter, smooth surface fibers were generated using 240 mg of
PLLA in 3 g of HFP, while large diameter, smooth surface fibers were
generated using 240 mg of PLLA in 2 g of HFP. Both solutions were
electrospun using the same electrospinning parameters described
above (section 2.1.1). Cells were placed on each fiber type where the
fibers were fabricated from three separate electrospinning batches (n =
3).

2.2. Scanning Electron Microscopy (SEM). Scanning electron
microscopy (SEM) was used to image electrospun fiber samples
coated with Pt using a Carl Zeiss Ultra 1540 Dual Beam SEM. Images
were captured using a 20 um aperture and 2 kV accelerating voltage.

2.3. Electrospun Fiber Characterization. 2.3.1. Analysis of
Electrospun Fiber Nanotopography, Diameter, and Surface Cover-
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age. To examine the effects of varying nonsolvent (DMSO)
concentration on electrospun fiber surface topography, Image] was
used to calculate the depression density by counting the number of
surface depressions over an area of a fiber. ImageJ was also used to
determine the diameter of these depressions along the length of the
fiber. Nanotopography was assessed on SEM images from three
independently fabricated samples (n > 200 depressions analyzed
between three samples).

For electrospun fiber scaffolds used for cell culture, images were
analyzed to determine electrospun fiber diameter using a Matlab
program previously described.*® Briefly, images were passed through
the radon transform and subsequently differentiated radially. Fiber
diameter was then detected by measuring the size of a slope pattern
associated with the edges of a fiber. This gave a measurement of the
angle of fiber orientation and fiber diameter (n > S0 fibers analyzed
from three different samples). To ensure a similar degree of fiber
coverage between samples, fiber density was calculated as the number
of fibers per mm of sample as previously described.*® Briefly, a line was
drawn perpendicular to the orientation of the fibers, the length of the
line was measured in ImageJ, and the number of fibers crossing the
line was counted. Fiber density was determined by dividing the
number of fibers crossing the line by the distance of the line. An
estimation of coverage was made by multiplying the mean diameter of
a scaffold by the fiber density to get the diameter density product. The
diameter density product is the percentage of the scaffold covered by
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fibers if the fibers were perfectly aligned, and a value greater than 100%
indicates that the scaffold is completely covered with fibers.

2.3.2. Water Contact Angle Measurements. A goniometer (Rame-
Hart 100) was used to make water contact angle measurements using
10 pL of deionized water. The 100 uL DMSO group was selected for
the experimental group as it contained the largest nanotopographical
depressions. The control groups were the large diameter smooth fibers
electrospun using a solution containing 240 mg of PLLA and 2 g of
HFP and the small diameter smooth fibers electrospun using a
solution containing 240 mg PLLA and 3 g of HFP. Contact angle
measurements were performed both parallel and perpendicular to the
orientation of fibers on the scaffold. Measurements were performed on
three independently fabricated samples for each group (n = 3).

2.4. Cell Culture on Electrospun Fiber Scaffolds. As described
in section 2.1.4, three groups were used for cell culture experiments:
an electrospun scaffold containing fibers with nanotopographical
depressions and electrospun scaffolds containing fibers with smooth
topographies but with each scaffold consisting of fibers with distinct
fiber diameters. The scaffold with smooth fiber nanotopography and
large diameter was selected since it had a similar diameter to the
scaffold with fibers containing nanoscale depressions. Additionally, the
large and small diameter smooth fibers contained diameters similar to
those used in the study by Saino et al,’® which demonstrated a
diameter dependent response of RAW 264.7 cells to electrospun fibers.

Fibers were not surface treated or coated with any protein before
culturing cells. RAW 264.7 cells (ATCC) were cultured in DMEM
supplemented with 10% FBS (Invitrogen). S X 10° cells were seeded
onto three independently fabricated scaffolds for each scaffold
topography group and cultured for 24 h in a 12 well culture plate.
Electrospun fiber scaffolds with adherent RAW 264.7 cells were then
transferred to a new culture plate and new culture media was added
with or without 10ug/mL lipopolysaccharide (LPS) (Sigma) as was
performed in the study by Saino.”® Cells were cultured for an
additional 24 h before fixation. Cells were then labeled with DAPI
nuclei stain, anti-vinculin (1:500, Sigma), and phalloidin (1:700,
Sigma) to stain for actin. Three images were taken for each of the
three scaffolds in each group (n = 9) using an Olympus DSU. All
images were taken at the same exposure and background was removed
using the background subtraction function in Image] (National
Institutes of Health, Bethesda, MD).

2.5. Cell Characterization. 2.5.1. Assessment of Cell Elongation
and Cell Adhesion on Electrospun Fiber Scaffolds. All cell images (n
= 9 per electrospinning group) were analyzed to determine the extent
of cell elongation using a modified Matlab program similar to
previously described procedures.*® Briefly, the images were passed
through the Radon Transform and subsequently differentiated radially.
The absolute value of the function was then integrated radially and
normalized. The normalized distribution contains information about
the orientation of cells in the image, so that a cell with a circular
morphology would have no directional orientation. However, a cell
that has spread more in one direction than another will have an
orientation along the long axis of the cell, and this is detected in the
normalized distribution. The distribution was assumed to contain cells
with shapes ranging from circles to ovals, so the eccentricity of the
normalized distribution was determined.

To perform a cell count, a custom python code was written. Briefly,
a k-means algorithm using 5-means was used to threshold the DAPI
channel from RAW 264.7 cell images. Then a binary opening
operation was performed before counting the number of DAPI objects
(cell nuclei) in the image (n = 9 images analyzed per electrospinning
group).

2.5.2. Analysis of Cell Metabolism on Electrospun Fiber Scaffolds.
To assess the metabolic activity of the macrophages, an MTS assay was
performed (CellTiter 96, Promega). Before fixing cells, the macro-
phage culture media was replaced with fresh culture media
supplemented with the MTS agent according to the manufacturer's
protocol. Cells were incubated for one hour before supernatant was
removed and measured for absorbance at 490 nm. Cell metabolism
was assessed on cells cultured on three independently fabricated
electrospun fiber samples (n = 3) for each electrospinning group.

2.6. Statistics. Data was analyzed using a one-way ANOVA. When
there was statistical significance (p < 0.05), a post-hoc Tukey test was
performed to determine statistical differences between groups (p <
0.05). Data presented in all graphs and text show the mean and
standard deviation (mean + standard deviation).

3. RESULTS AND DISCUSSION

3.1. Electrospun Fiber Nanotopography is Altered by
the Inclusion of a Nonsolvent. Our hypothesis that the
addition of a nonsolvent to a solution containing PLLA and
chloroform would create electrospun fibers with nanotopog-
raphy was inspired by work from Bognitzki et al*' and
Megelski et al.** Bognitzki et al. proposed that rapid
evaporation of dichloromethane cooled the PLLA fibers as
they formed, leading to spinodal decomposition of the fiber
into polymer rich regions and solvent rich regions (Figure 1A).
The solvent rich regions eventually evaporate resulting in
depressions on the fiber surface. Megelski et al. called this
mechanism thermal induced phase separation (TIPS). The
TIPS method was also used to create a theoretical model of
porous structure formation in electrospun fibers based on
experimental work, further validating TIPS as an appropriate
mechanism for surface structure formation on electrospun
fibers.*” Megelski et al. also proposed a second mechanism by
which nanotopographical depressions are formed by con-
densation of water onto the fiber as it forms. This mechanism is
called vapor induced phase separation (VIPS, Figure 1B). VIPS
proposes that solvent evaporation cools the fiber, causing
condensation to form on the fiber surface. With hydrophobic
polymers, condensed water on the fiber surface causes a phase
separation at the fiber surface to generate regions with water
and no polymer. The regions with water become nanoscale
depressions on the surface of the electrospun fiber. VIPS was
further confirmed in a study by Casper et al.** where increasing
the relative humidity lead to changes in the size of depressions
on electrospun fibers. In addition to water condensation, part of
the VIPS mechanism may also depend on the solubility of the
primary solvent with water, since water may absorb to the fiber
if the solvent is miscible with water.*”*® Both VIPS and TIPS
suggest phase separation as a mechanism for the formation of
surface topography. By extension of the phase separation
concept, we hypothesized that addition of a nonsolvent (a
liquid that does not dissolve the polymer) to the electro-
spinning solution would induce a phase separation in an
electrospun fiber, resulting in a change in the electrospun fiber
topography (Figure 1C).

Selection of a control electrospinning solution was critical in
testing the nonsolvent hypothesis to ensure that smooth
electrospun fibers were produced. Smooth fibers would indicate
that the solution was not susceptible to TIPS or VIPS. A
control system where electrospun fibers are produced without
nanotopography was needed to verify that changes in fiber
nanotopography was caused by the addition of the nonsolvent
only. The control solution (PLLA/chloroform) was electro-
spun in a relative humidity condition of less than 28%. Fibers
were smooth when produced in environments where the
relative humidity was less than 28% through analysis of SEM
images (Figure 2A). An additional control was fabricated where
the PLLA/chloroform solution was electrospun in an environ-
ment where the relative humidity was greater than 33%. The
fibers created in the more humid environment did possess
nanoscale depressions through analysis of SEM images
(Supporting Information SFigure 1). The nanotopography of
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Figure 2. Addition of different nonsolvents changes the surface
topography of electrospun fibers. Electrospinning a solution of PLLA/
chloroform produces fibers with a smooth topography (A). Addition
of 10 L of deionized water to the PLLA/chloroform electrospinning
solution produces fibers with small depressions (B). When S0 uL of
ethanol is added to the PLLA/chloroform solution, small and
elongated grooves are formed in the fiber (C). Addition of 50 uL of
DMSO produces large, distinct depressions in the surface of the fiber
(D). All scale bars are 1 um.

fibers electrospun in higher humidity conditions demonstrated
the susceptibility of the PLLA/chloroform solution to VIPS.
The drastic change in topography over a small range of relative
humidity values was also observed by Megelski et al. (20%
relative humidity to 30% relative humidity), although their
system consisted of polystyrene dissolved in tetrahydrofuran.*’
The smooth topography generated from a PLLA/chloroform
solution when the relative humidity was below 28% made this
solution suitable for subsequent testing of our hypothesis. All
subsequent electrospinning experiments were performed in a
low humidity environment (<28% relative humidity) to
eliminate VIPS as a variable when changes in nanotopography
were observed.

To test the nonsolvent hypothesis, one of three nonsolvents
was added to a solution of PLLA and chloroform: water,
ethanol, or DMSO (Table 1). The PLLA/chloroform solution
containing 50 uL of deionized water produced poorly formed
electrospun fibers (Supporting Information SFigure 2), so
another PLLA/chloroform solution containing less deionized
water (10 uL) was electrospun. SEM images of fibers produced
from the PLLA/chloroform solution containing 10 uL water
revealed fibers with nanoscale depressions on the fiber surface
(depression length = 92 + 17 nm, Figure 2B). In contrast to
PLLA/chloroform solutions containing 50 uL of deionized
water, PLLA/chloroform solutions containing 50 yL ethanol
were capable of forming fibers. SEM images of electrospinning
fibers containing ethanol fibers exhibited nanotopographies
with shallow, elongated depressions (Figure 2C). Since the
longitudinal diameter of the depressions were difficult to
discern, the longitudinal diameters were not measured. Finally,
PLLA/chloroform solutions containing DMSO generated large

depressions with distinct boundaries (Figure 2D). All electro-
spinning solutions with surface depressions showed an
elongated depression boundary, similar to results observed by
Bognitzki et al.*' and Megelski et al..** The explanations given
by each of these studies is that the depressions become
elongated due to the stretching of the fiber. Electrospinning
solutions containing DMSO produced fibers with the most
distinct change in nanotopography, but the addition of any of
the three nonsolvents resulted in changes to the fiber surface
compared to the smooth topography generated by the PLLA/
chloroform solution alone. The results of these experiments
confirmed our hypothesis that addition of a nonsolvent to an
electrospinning solution results in a change in fiber nano-
topography.

The differences in fiber nanotopography displayed by PLLA/
chloroform fibers with different nonsolvent additives is likely
the result of two nonsolvent properties (Table 1): (i) the
nonsolvent’s boiling point and (ii) the nonsolvent’s solubility in
the primary solvent (i.e. chloroform). The boiling point of
water is high compared to the boiling point of chloroform
(61.2°C), but water is poorly soluble in chloroform. Due to the
poor solubility of water in chloroform, a high concentration of
water (50 uL) caused a phase separation between the water and
the PLLA/chloroform mixture. The phase separation caused a
water phase and a chloroform/PLLA phase to form, preventing
a continuous fiber from forming. This explanation is consistent
with previous research that observed a high relative humidity
generated poorly formed fibers.*> However, water is soluble in
chloroform in small concentrations, so when the concentration
of water was small (10 yL) a number of small, stable water/
chloroform phases were able to form and resulted in small
depressions on the surface of the fiber. In contrast, ethanol has
a boiling point (78°C) close to that of chloroform, but unlike
water, ethanol is miscible with chloroform. The miscibility of
ethanol with chloroform allowed for larger ethanol/chloroform
phases to form, explaining the larger grooves in fibers produced
with the addition of ethanol compared to the small depressions
generated with solutions containing water. The low boiling
point of ethanol caused the ethanol to evaporate with the
chloroform during the electrospinning process, reducing the
size of the ethanol/chloroform phase and consequently the size
and depth of the nanoscale depressions. DMSO has the highest
boiling point of the nonsolvents tested (189 °C) and is miscible
with chloroform. The high boiling point and miscibility with
chloroform resulted in a stable DMSO/chloroform phase with
little evaporation of the DMSO, ultimately producing the
largest and most distinct surface depressions of all nonsolvents
tested. Thus, we propose that electrospun fiber surface
topography is controllable through the addition of a particular
nonsolvent with specific chemical properties (i.e. boiling point
and primary solvent solubility). This new method of controlling
electrospun fiber nanotopography by addition of a nonsolvent
is simple and highly versatile, allowing multiple nonsolvents to
be utilized to create distinct surface patterns.

3.2. DMSO Concentration Generates Fibers with
Unique Surface Nanotopographies. We then hypothesized
that different volumes of nonsolvent would create fibers with
distinct patterns of surface nanotopography. More specifically,
by adding larger volumes of DMSO to the PLLA/chloroform
solution, we hypothesized that electrospun fibers would have
larger surface depressions since the volume ratio of nonsolvent/
solvent would be greater. Additionally, we also propose fiber
diameter may decrease due to an increase in the dielectric
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Figure 3. Changing the concentration of nonsolvent alters the topography of electrospun fibers. The changes in depression diameter (A), depression
density (B), and fiber diameter (C) were found to change with changes in DMSO concentration. The largest depressions were observed when
100uL (D) of DMSO were used, but increasing the concentration to 200 uL of DMSO (E) decreased the depression diameter and increased the
depression density. Increasing the DMSO concentration to a maximum value of 500 uL generated very roughly shaped fibers with few discernable
depressions (F). All scale bars are 1ym. T indicates all groups except 150 and 250 L DMSO groups are significantly different (p < 0.05), ¥ indicates
all groups are significantly different (p < 0.05), * indicates all groups not tied by a flat bar are significantly different (i.e,, 0 and 50 uL are not

significantly different, p < 0.0S).

constant of the bulk solution from the addition of DMSO
(DMSO ¢, = 46.7, chloroform ¢, = 4.8), since a high dielectric
constant is believed to cause a decrease in fiber diameter.*’
Since the first experiment revealed that the addition of DMSO
to an electrospinning solution produced fibers with the most
distinct depressions, DMSO was studied instead of ethanol or
water.

Evaluation of depression diameter (Figure 3A) and density
(Figure 3B) revealed a nonlinear response to DMSO
concentration. Additionally, there was a trending decrease in
fiber diameter (Figure 3C) with increasing DMSO concen-
tration. However, the decrease in fiber diameter may be caused
by dilution of the polymer in the electrospinning solution since
the addition of nonsolvent effectively reduced the weight
percent of the polymer in the total solution. From analysis of
the SEM images, there were two critical features worth noting:
a maximum depression diameter was observed when 100 L of
DMSO was used (Figure 3D), and a minimum depression
diameter was observed when 200 uL of DMSO was used
(Figure 3E). Although fibers generated using 200 L. DMSO
contained smaller surface depressions, there were significantly
more depressions on these fiber than any other group (p <
0.05). The fibers fabricated using 250 uL had fewer
depressions, and the fibers did not appear to be as cylindrical
as the fiber groups with less DMSO. The fibers formed with
500 #L DMSO were even less cylindrically shaped and without
the same distinct nanotopographical depressions as the
depressions observed at lower concentrations of DMSO
(Figure 3F). On the basis of these results characterizing the
longitudinal diameter and density of the nanoscale depressions
on the surface of the fibers, we confirm our hypothesis that
changing nonsolvent concentration alters fiber nanotopogra-
phy. However, one unexpected result observed from these
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studies was the correlation between decreasing longitudinal
depression diameter with increasing concentrations of DMSO.

The changes in fiber nanotopography observed in the DMSO
concentration experiment may be explained by the weight ratio
between DMSO to PLLA in the solution. Each solution
contained 240 mg of PLLA and 3 g of chloroform before a
volume of DMSO was added. The group with the maximum
depression diameter (100 4L DMSO) had a DMSO weight
(110 mg) that was approximately half of the weight of PLLA in
the electrospinning solution (ratio of DMSO to PLLA being
11:24). Fibers generated using 200 uL DMSO (220 mg)
contained a nearly equal weight of DMSO in comparison to the
PLLA (ratio of DMSO to PLLA being 11:12). When the
DMSO weight (>27S5 mg)was greater than the weight of PLLA
(240 mg), the DMSO was at a high enough concentration to
create a large DMSO phase, subsequently forcing the PLLA out
of solution. These findings are corroborated by work from
Zhang et al. as they observed hollow fibers when a large
quantity of the nonsolvent dimethyl formamide (25% of the
solution by weight) was added to their electrospinning
solution.”® In the Zhang study, fibers were generated with
hollow cores due to the presence of a polymer free dimethyl
formamide/dichloromethane phase. The outer polymer shell of
the fiber was formed by the PLLA/dichloromethane phase. The
near complete separation of PLLA and the dimethyl formamide
helps to explain the transition of the fiber surface nano-
topography observed in this study where a loss of surface
depressions (at 250 uL DMSO) led to inconsistently formed
fibers (at 500 L. DMSO) as the nonsolvent concentration
increased. This finding explains why many groups that use a
nonsolvent to electrospin do not observe the same nanoscale
surface features produced here, since it is common to use a high
concentration of nonsolvent (1:9 nonsolvent to solvent). Thus,

dx.doi.org/10.1021/am402827g | ACS Appl. Mater. Interfaces 2013, 5, 10173—10184



ACS Applied Materials & Interfaces

Research Article

we propose that addition of nonsolvent up to the weight of
polymer in an electrospinning solution will drastically change
the surface topography of electrospun fibers.

Although previous studies have investigated other methods
to modify electrospun fiber topography including plasma
treatment®' and heavy metal evaporation,”> the method
demonstrated in this study is unique and provides advantages
over other methods used in the literature. The main advantage
to using the technique presented in this paper is the ease of
which electrospun fiber nanotopography can be manipulated
without changing surface chemistry, environmental conditions
(which can be difficult to control), polymer, or primary solvent.
TIPS causes nanoscale depressions to form on electrospun
fibers and is believed to be caused by polymer-solvent affinity**
and the vapor pressure of the solvent.*' Thus, changing the
topography of electrospun fibers using TIPS requires changing
the solvent used for electrospinning, which can alter a variety of
parameters including fiber diameter.>> Use of VIPS to generate
different nanoscale topographies on electrospun fibers is more
attractive than TIPS since the relative humidity can be altered
to generate different topographies without changing the
polymer or solvent. However, relative humidity can be difficult
to control in a narrow range. Additionally, Casper et al.
demonstrated in a detailed study on relative humidity (RH)
and electrospinning that the changes in electrospun fiber
nanotopography due to a change in RH is an increase in the
number of deg)ressions while the size of the depressions
changes little.*” The approach presented in this paper to
generate electrospun fibers with different nanotopographies
does not overcome all of the difficulties listed above (i.e.
control of fiber diameter). However, the nonsolvent method
presented here should allow different electrospun fiber
nanotopographies to be generated using a single polymer/
solvent solution with more control of nanotopography variety
(ie. both size and number of depressions) than using relative
humidity. Thus, the nonsolvent method of controlling
electrospun fiber topography will be instrumental in studying
the cell response to electrospun fiber nanotopography, which
has not been widely studied.

3.3. Hydrophobicity of Polymer Fibers Unaltered by
Nanoscale Depressions. Superhydrophobic structures are
typically composed of a hydrophobic material with a nano-
structured surface.** Typically, a superhydrophobic material has
a nano-rough surface that prevents water from sliding along the
surface of the material. The inability of a water droplet to slide
on a hydrophobic surface with a nanorough surface causes high
water contact angles since the droplet is unable to spread out.
Thus, we hypothesized that the nanostructured surface of
electrospun fibers would be more hydrophobic and create a
larger water contact angle than electrospun fibers with a
smooth surface.

To test this hypothesis, water contact angle measurements
were compared between fibers with nanotopography (fiber
diameter = 1.88 & 0.4S pm, 100 uL DMSO group), a large fiber
diameter with a smooth nanotopography (fiber diameter = 1.51
+ 0446 pm 240 mg of PLLA in 2 g of HFP), and small
diameter with a smooth nanotopography (fiber diameter =744
+ 301 nm, 240 mg of PLLA in 3 g of HFP). Since the
electrospun scaffolds were collected on a rotating disc, the
fibers were highly aligned and thus the scaffold was anisotropic.
Therefore, contact angle measurements were made along the
length of the fibers (parallel, Figure 4A) and also perpendicular
to the direction of the fibers (Figure 4B). No differences in
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Figure 4. Sessile drop test was used to determine if electrospun fiber
topography alters hydrophobicity. Large and small diameter fibers with
a smooth topography (large smooth and small smooth, respectively)
were compared to fibers with nanoscale depressions (large porous)
and similar diameter to the large diameter smooth fiber group. Since
the scaffolds were composed of aligned fibers, the contact angle was
measured parallel to the fibers (A) and perpendicular to the fibers (B).
No differences in contact angle were observed between groups (C),
indicating the surface structures did not change the hydrophobicity of
the fibers compared to smooth fibers. However, the contact angle
parallel to the fibers was lower in all groups compared to the
perpendicular water contact angle. * indicates the parallel and
perpendicular water contact angles are statistically different (p < 0.05).

contact angle measurements were observed between fibers with
smooth surfaces, surfaces containing nanoscale depressions, or
between scaffolds of different diameter either parallel or
perpendicular to the orientation of the fibers (Figure 4C).

However, the water contact angle perpendicular to the
direction of the fibers was significantly smaller (less hydro-
phobic) than the contact angle parallel to the direction of the
fibers for fibers with and without surface nanotopography (p <
0.05). The similarity of the water contact angle measurements
between fibrous scaffolds with and without surface nano-
topography led us to reject our hypothesis that a fiber surface
with nanotopography would be more hydrophobic (larger
water contact angle) than a scaffold consisting of smooth
electrospun fibers.

The similarity in water contact angle measurements could be
due to the presence of the distinct depressed structures
observed on the fibers generated here, rather than a protruding
structure typically observed on most hydrophobic surfaces. The
protruding structures on a super-hydrophobic surface are
believed to reduce the sliding motion of the water droplet.**
Since the depressed features on our fibers are different than
surfaces features containing protrusions, the water droplet may
slide more easily. However, the cylindrical surface of the fiber
itself reduces the sliding motion of the water droplet
perpendicular to the direction of the fibers, causing the contact
angle to be larger parallel to the fibers than perpendicular to the
fibers. Thus, we conclude that the nonsolvent method of
generating nanoscale depressions in electrospun fibers does not
alter the hydrophobicity of the electrospun scaffold.

3.4. Nanoscale Depressions Do Not Increase Fiber
Degradation Rate. Diffusion of water into the polymer and
the rate of bond hydrolysis are the two parameters that define
polymer degradation rate.** By adding depressions to the fiber
surface, the fiber surface area is increased and allows for
increased diffusion of water into the fiber. It is possible that
fibers with a depressed nanotopography could degrade more
quickly than fibers with a smooth surface due to the increase in
surface area. Thus, we hypothesized that fibers with a depressed
surface structure would degrade more rapidly and thus present
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a more significant reduction in fiber diameter in the presence of
water than fibers with a smooth topography. Fibers with surface
depressions (100 yL DMSO in PLLA/chloroform, 1.88ym
+0.45um) or fibers with a smooth surface and either a small
diameter (744 + 301 nm) or a large diameter (1.51 =+
0.446ym) were incubated in phosphate buffered saline (pH
7.4) for two days. These specific fiber groups and degradation
time points were selected to coincide with fiber groups and
culture periods used in cell culture experiments. SEM was
performed on each fiber group before degradation and after two
days of incubation (37 deg C, 5% CO2) of each electrospun
fiber group in PBS. A qualitative analysis of SEM images of
degraded smooth fibers showed fibers still maintained a smooth
surface (Figure SA and B, small and large diameter
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Figure S. Evaluation of electrospun fiber degradation in PBS over a
two-day period. Small diameter smooth fibers (A, small smooth) and
large diameter smooth fibers (B, large smooth) show no noticeable
changes in fiber diameter or topography after two days of degradation.
Similarly, the fibers with nanotopography (C, large porous) show no
differences in fiber diameter or topography. A quantitative analysis of
fiber diameter shows no significant differences between fiber diameters
before and after degradation (D). However, all groups did show an
insignificant decrease in fiber diameter over the two-day degradation
period. All scale bars are 2 um.

respectively), and the fibers with depressed nanotopography
showed no noticeable reduction in fiber diameter or size of the
nanotopographical depressions (Figure SC). All fibers that were
allowed to degrade for two days had smaller diameters, but
none of the degraded fiber diameters were significantly different
from the starting diameters (Figure SD). No significant
degradation was likely observed due to the high molecular
weight of the polymer used (~320 kDa). It is important to note
that only fiber diameter was used to quantify fiber degradation
since fiber diameter is known to alter cell behavior, as discussed
in the introduction. It is possible that there was a significant
difference in polymer degradation since polymer weight was
not determined, and the decrease in polymer molecular weight
could lead to a decrease in fiber mechanical properties.
However, we believe the change in PLLA molecular weight is

negligible over a two-day period since Dias et al. showed
minimal changes in molecular weight of PLLA fibers over a two
week period.> Since fiber degradation is not influenced by the
presence of fiber nanotopography, subsequent changes in
cellular behavior observed on fibers with nanotopograhy are
likely due to the presence of surface nanotopography and not
differences in fiber degradation.

3.5. Cell Extension Along Fibers is Mitigated by
Nanoscale Depressions. The effect of electrospun fiber
nanotopography on cell behavior was investigated using a
macrophage cell line (RAW 264.7 cells). These cells were
selected since it is known that macrophages interact with
implanted biomaterials including electrospun fibers.** Addi-
tionally, RAW 264.7 cells are frequently used in cellular
experiments to study biological pathways in macrophages and
to model cellular processes.*® Since changes in macrophage
(RAW 264.7 cell) morphology have been related to changes in
macrophage phenotype,”>>”>* cell elongation experiments were
carried out using the RAW 264.7 macrophage cell line. To
simulate an inflammatory phenotype, lipopolysaccharide (LPS)
was added to additional cell cultures at a 10ug/mL to
determine if cell morphology on electrospun fibers further
changed in response to an inflammatory stimulus. LPS is
known to increase cell spreadin% and cause RAW 264.7 cells to
adopt a dendritic morphology.”

We hypothesized that nanoscale depressions on electrospun
fibers would result in less cell spreading when compared to cell
spreading on smooth electrospun fibers of similar diameter.
This hypothesis is based from observations by Saino et al., who
qualitatively demonstrated that electrospun fibers with nano-
scale diameters induce less cell spreading.”® Additionally, a wide
variety of cell types have shown less spreading on
submicrometer fibers (750 nm or less) compared to fibers
with a diameter of greater than a micrometer including
fibroblasts,*®® neural stem cells,>® osteoblasts,>”*® and
mesenchymal progenitors.’ Thus, we propose that cells
would respond similarly to nanoscale depressions on the
surface of microfibers as they would to fibers with nanoscale
diameters.

To test this hypothesis, two smooth fibers conditions were
generated each possessing distinct fiber diameters: small
diameter smooth (744 + 301 nm) and large diameter smooth
(1.51 + 0.446um). The diameters of these fibers are similar to
those used by Saino et al, where their small diameter fibers
(610 + 180 nm) produced fewer cytokines than the large
diameter fibers (1.6 + 0.25um). Electrospun fibers with
nanoscale depressions were generated using the PLLA/
chloroform solution using 100 L DMSO (fiber diameter =
1.88 + 0.45um) since this electrospinning solution produced
the largest depressions. The fiber density of all groups were
different from each other (p < 0.05), with the small diameter
fibers having the largest fiber density (1723 + 265 fibers/mm)
followed by large diameter pitted fibers (667 + 53 fibers/mm)
and large diameter fibers with a smooth surface (597 + 54
fibers/mm). However, if the diameter density product is used
to estimate the area covered by the fibers (the product of fiber
density and fiber diameter), then only the large diameter
smooth fibers had less than 100% of the area covered (90%
coverage) while the other groups were completely covered in
fibers (diameter density product > 120%). Since all scaffolds
were more than 90% covered with electrospun fibers, it is likely
that a cell will interact with multiple fibers due to the cells being
much larger than the individual fibers.
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Cells were labeled for phalloidin (green) to identify cell
morphology, vinculin (red) for cell adhesions, and DAPI for
cell nuclei. Vinculin was selected as a cell adhesion marker since
it is one of the first proteins recruited to a functional cell
adhesion.”” The large diameter smooth fibers allowed for cells
to elongate along the length of the fibers (Figure 6A) similar to
the results of Saino et al,”® and the addition of the
inflammatory stimulant LPS did not significantly alter cell
elongation (Figure 6B). However, the addition of LPS did
increase vinculin labeling compared to cultures without LPS,
indicating more cell adhesions were forming in the cultures
containing LPS. In contrast to the large diameter smooth fibers,
cells cultured on small diameter smooth fibers were more
circular in appearance (Figure 6C), and this is in agreement
with the results of Saino et al.*> As with the addition of LPS to
cells on large diameter smooth fibers, addition of LPS to cells
on small diameter smooth fibers did not significantly change
macrophage morphology, but it did increase vinculin labeling
(Figure 6D). Cells cultured on electrospun fibers with
nanoscale depressions were circular and similar in morphology
to cells cultured on the small diameter smooth fibers (Figure
6E), as expected. However, addition of LPS to macrophages on
fibers with a nanotopography did not show an increase in
vinculin (Figure SF), unlike either of the fiber groups with a
smooth nanotopography. A quantitative analysis of cell
elongation confirmed that the large diameter smooth fibers
were significantly more elongated than both the small diameter
smooth and the fibers with nanotopography (p<0.05), but
there were no differences in cell elongation on small diameter
smooth fibers and fibers with nanoscale depressions (Figure
5G). Since cells on large diameter smooth fibers spread more in
the direction of the fibers than any other group, we do not
believe that the smaller degree of fiber coverage played a role in
cell spreading.

Our results are different from the results obtained by Moroni
et al., who found that human mesenchymal stem cells spread
more on fibers with nanoscale depressions than those cultured
on fibers with a smooth surface.”™ The difference between our
results and Moroni’s results may be attributed to a difference in
cell type, polymer chemistry, or differences in fiber alignment
and diameter. An alternative explanation for the cell results on
scaffolds with the nanoscale depressions is that the residual
DMSO on the fibers may have negatively affected the cells,
since DMSO is known to alter the production of inflammatory
cytokines in the presence of LPS at low concentrations (>1%
of media volume).®> However, the samples were sterilized by
washing the samples in 70% ethanol, which would remove the
DMSO due to DMSO being soluble within ethanol. Even if the
ethanol wash did not remove residual DMSO on the fibers with
nanoscale depressions, the amount of DMSO would be less
than 0.3% of the volume of the culture media. The 0.3% value
was calculated based on the number of fibers on the scaffold,
and is likely insufficient to cause a change in the cell response
based on previous work that showed 0.5% DMSO in solution
showed no statistical changes in cytokine production of RAW
264.7 cells.®* On the basis of this experiment, we confirm our
original hypothesis and conclude that a nanoscale fiber
structure (fiber diameter or fiber topography) can modify cell
spreading. Fibers with a diameter larger than a micrometer
normally cause cells to elongate along the length of the fiber,
and this observation was made with respect to RAW 264.7 cells
both in this study and Saino et al. However, fibers with a
diameter larger than a micrometer and a rough nanotopography
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Figure 6. Analysis of macrophage morphology on electrospun fibers
with different nanotopographies. Cell morphology was assessed by
labeling the cytoskeleton (fibrous actin, green) and cell adhesions
(vinculin, red). Cell nuclei were labeled with DAPI (blue).
Macrophages (RAW 264.7) were cultured on large diameter smooth
fibers (A, large smooth) with the addition of LPS (B) to instigate an
inflammatory phenotype. Macrophages were also cultured on small
diameter smooth fibers (C, small smooth) with LPS (D) and large
diameter fibers with surface depressions (E, large porous) with LPS
(F). Only macrophages cultured on large diameter smooth fibers
showed an elongated morphology (G) in spite of the fibers with
nanotopography having a similar fiber diameter. Unlike the smooth
fibers, the fibers with nanotopography appeared to have fewer vinculin
markers indicating fewer cell adhesions. Scale bars are 50 ym. *p <
0.0S.
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cause cells to adopt a round morphology similar to fibers with a
submicrometer diameter. This conclusion is important in the
context of electrospun fiber scaffolds as tissue engineering
scaffolds because the nanotopography of electrospun fibers is
rarely considered as a factor in regulating cell behavior.

Although outside the scope of investigation for this paper,
one additional explanation for the cell results obtained here
may be related to a change in the mechanical properties of the
fibers. RAW 264.7 cells are known to adopt a circular
morphology on soft hydrogels (tangent modulus = 130 kPa),
while RAW 264.7 cells are known to spread more on stiff
hydrogels (tangent modulus = 240—840 kPa).** For the
experiments presented here, if it is assumed that the elastic
modulus remains the same for each fiber group, then the
smaller cross-sectional area of the fibers with the nanotopo-
graphical depressions may be less stiff than the large diameter
fibers with a smooth surface, since stiflness is proportional to
cross-sectional area. However, if it is the case that the reduced
cross-sectional area of the fibers with nanotopographical
depressions are not as stiff and explain our current cell results,
the same argument could be used to explain the morphology of
cells cultured on small diameter fibers. The mechanical
properties of the fibers are rarely considered as a factor in
regulating cell behavior, but considering the mechanical
properties does raise an interesting question not addressed in
the literature: do cells behave differently on submicrometer
fibers due to the reduced fiber diameter, reduced stiffness, or
some combination of both? While this question is outside the
scope of this paper, the nonsolvent method of generating fiber
nanotopography may aid in answering the question of how
fiber stiffness may alter cell behavior since the addition of
surface depressions can decrease the cross-sectional area of the
fibers.

3.6. Cell Adhesion and Metabolism is Unaltered by
Nanotopography Features. The results from the cell
morphology experiment showed a reduction in vinculin labeling
in cells cultured on electrospun fibers with nanotopography,
potentially indicating a reduction in the formation of cell
adhesions. Thus, we hypothesized that the reduction in vinculin
labeling may be indicative of the number of adherent cells on
fibers with nanoscale depressions. However, no differences in
the number of cells were observed between electrospun fiber
groups (Figure 7A), although all groups without LPS had
significantly more cells than groups with LPS (p < 0.05). A
similar observation was made by Saino et al.,** and these results
are consistent with biological research involving RAW 264.7
cells where LPS induces apooptosis, thus decreasing the number
of adherent cells over time.®> In addition to performing a cell
count, cell metabolism was evaluated using an MTS assay
(Figure 7B). However, no differences in metabolism were
observed between electrospun fiber groups, although the
addition of LPS to cultures revealed an increase in cell
metabolism compared to cultures without LPS (p < 0.05). On
the basis of the results from the metabolism and cell adhesion
experiments, we conclude that increased vinculin labeling
observed in cells cultured on specific electrospun fibers
scaffolds did not correlate to an increase in cell adhesion.
This conclusion suggests that electrospun fiber nanotopography
can modulate cell elongation without altering the ability of cells
to adhere to the scaffold.

Although the study by Moroni and colleagues were the first
to demonstrate the ability of electrospun fiber nanotopography
to alter cell morphology and metabolism,** no additional study
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Figure 7. Evaluation of cell adhesion and metabolism on large
diameter fibers with a smooth topography (large smooth), small
diameter fibers with a smooth topography (small smooth), and fibers
with nanotopographical depressions (large porous). The number of
adherent cells was determined by counting the number of DAPI
labeled nuclei in each image (A). No differences in cell adhesion were
observed between groups, except with the addition of LPS. Cell
metabolism was assessed using an MTS assay (B), but no differences
were observed between groups except with the addition of LPS. The
cell adhesion and metabolism data suggest that the topography of
electrospun fibers does not prevent macrophage adhesion and viability.
*p < 0.05 when comparing —LPS to +LPS.

has examined cell behavior on fibers with different nano-
topography while controlling for other factors, such as fiber
diameter. As discussed in the introduction, fiber nano-
topography changes according to what solvent or polymer is
used as well as the relative humidity of the electrospinning
environment. It is difficult to compare cellular results between
studies that utilize the same types of cells due to each
laboratory using a unique electrospinning solution and
electrospinning parameters. Thus, fiber nanotopography could
be a hidden variable in cell experiments since there is likely
large variability in fiber nanotopography between studies. This
is especially true considering the amount of evidence suggesting
that the nanoscale structure of a material can cause significant
changes in cell behavior (recently reviewed by multiple
authors).**~"" The results of our study affirm the findings of
Moroni in that fiber nanotopography alters the ability of a cell
to spread. More importantly, we introduce a method of
controlling fiber nanotopography and present findings where
RAW 264.7 cell spreading is affected by changes in electrospun
fiber nanotopography.

4. CONCLUSIONS

The goal of this work was to establish a method for controlling
electrospun fiber surface nanotopography to investigate how
fiber nanotopography can alter cell behavior. Adding a
nonsolvent into the electrospinning solution created nanoscale
despressions on the surface of the fiber. The versatility of the
nonsolvent electrospinning method of forming unique surface
structures was demonstrated by addition of different non-
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solvents or by changing the concentration of a single
nonsolvent. Changes in the topography of the electrospun
fibers did not alter the hydrophobicity of the electrospun fibers,
and the degradation of the fibers was not significantly altered by
fibers containing nanoscale depressions. Cells cultured on
electrospun fibers with nanotopography were morphologically
different compared to cells cultured on smooth fibers with a
similar diameter. Although there was a change in cell
morphology on fibers with nanotopography, there was no
change in cell metabolism or the number of adherent cells.
Based on these results, we conclude that our new method of
generating electrospun fibers with different surface structures is
capable of altering cell spreading without preventing cell
adhesion.

B ASSOCIATED CONTENT
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Fibers generated in humid conditions (relative humidity>33%,
SFigure 1) and fibers generated when SO uL of water was
present in the electrospinning solution (SFigure 2). This
material is available free of charge via the Internet at http://
pubs.acs.org.
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